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Significance
Protease-activated receptors (PARs) are G-protein–coupled receptors (GPCRs) that are activated by
proteolysis and couple to multiple distinct G-proteins. Cleavage of PAR1 in endothelium stimulates
either proinflammatory or antiinflammatory signaling depending on the activating protease and is
important in thrombosis and inflammation. Yet the biased signaling of PAR1 has made its
pharmacological modulation challenging. We show that a family of compounds, parmodulins, acts at
the cytosolic face of PAR1 to differentially control G-protein coupling and stimulate cytoprotective
signaling while blocking deleterious signaling. Parmodulins are antiinflammatory and antithrombotic in
vivo. These compounds demonstrate the utility of targeting the cytosolic face of GPCRs to selectively
modulate downstream signaling and could provide an alternative for treatment of
thromboinflammatory disorders.

Abstract
Stimulation of protease-activated receptor 1 (PAR1) on endothelium by activated protein C (APC) is
protective in several animal models of disease, and APC has been used clinically in severe sepsis and
wound healing. Clinical use of APC, however, is limited by its immunogenicity and its anticoagulant
activity. We show that a class of small molecules termed “parmodulins” that act at the cytosolic face of
PAR1 stimulates APC-like cytoprotective signaling in endothelium. Parmodulins block thrombin
generation in response to inflammatory mediators and inhibit platelet accumulation on endothelium
cultured under flow. Evaluation of the antithrombotic mechanism showed that parmodulins induce

cytoprotective signaling through Gβγ, activating a PI3K/Akt pathway and eliciting a genetic program
that includes suppression of NF-κB–mediated transcriptional activation and up-regulation of select
cytoprotective transcripts. STC1 is among the up-regulated transcripts, and knockdown of stanniocalin1 blocks the protective effects of both parmodulins and APC. Induction of this signaling pathway in vivo
protects against thromboinflammatory injury in blood vessels. Small-molecule activation of endothelial
cytoprotection through PAR1 represents an approach for treatment of thromboinflammatory disease
and provides proof-of-principle for the strategy of targeting the cytoplasmic surface of GPCRs to
achieve pathway selective signaling.
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Protease-activated receptor 1 (PAR1) is a multifunctional G-protein–coupled receptor (GPCR) that is
activated by proteolytic cleavage and couples to several G proteins. It was originally identified as the
receptor for thrombin (1) and was subsequently found to be a substrate for multiple vascular
proteases, including other serine proteases as well as metalloproteases (2⇓⇓⇓–6). The activation
mechanism of PARs is unique among GPCRs. Cleavage at a GPCR’s N terminus reveals a tethered ligand
that interacts with a shallow binding site on the extracellular surface of the receptor (1, 7). This
intramolecular activation mechanism results in a conformational change that is transmitted to cognate
G proteins, including Gαq, Gαi, Gα13, and Gγβ as well as to β-arrestin (8⇓⇓⇓–12). PAR1 is the most
abundant GPCR on platelets and serves a critical role in linking activation of the coagulation cascade
with platelet activation. PAR1 is also found on endothelium, where it can stimulate either
inflammatory signaling or antiinflammatory signaling depending on the activating protease and
physiological context (13). Typically, thrombin induces proinflammatory signaling. However, cleavage
of PAR1 by alternative proteases, such as activated protein C (APC), can protect endothelial cells from
inflammatory mediators (14⇓⇓–17).
APC-mediated cytoprotection may also render endothelium resistant to prothrombotic stimuli.
Proteolysis of PAR1 by APC results in the generation of a unique tethered ligand that stimulates
antiinflammatory, antiapoptotic, and barrier function fortifying pathways in endothelium (10, 18⇓⇓⇓⇓–
23). Antithrombotic activity may also be a component of this response. However, evaluation of the
ability of APC-mediated PAR1 stimulation to oppose prothrombotic effects of inflammatory stimuli has
been complicated by its opposing activities on coagulation factors that associate with endothelium. On
one hand, APC cleaves the kunitz domain of tissue factor pathway inhibitor, augmenting tissue factor
activity on endothelium (24). On the other hand APC cleaves factor V and VIII (25, 26), thus inhibiting
thrombin generation. Understanding whether cytoprotective signaling confers endothelium with an
antithrombotic phenotype is important since this pathway could be a useful target for preventing
thrombosis that frequently accompanies inflammatory conditions.
Using a high-throughput screening approach, we previously identified an antithrombotic class of smallmolecule PAR1 modulators, termed “parmodulins,” which act at the cytoplasmic face of PAR1 (27⇓–
29). Characterization of these compounds showed that they are antithrombotic in vivo (27, 29). We
hypothesized that modulation of endothelial function is an important determinant of the

antithrombotic effect of parmodulins. The protective effects of parmodulins were evaluated on
endothelial cells in vitro and in mouse models of thromboinflammation. We found that parmodulins
blocked thrombin generation on endothelial cells induced by inflammatory mediators such as TNF-α
and lipopolysaccharide (LPS) despite their selectivity for PAR1. In mouse models of
thromboinflammation, parmodulins demonstrate an antithrombotic effect at the level of endothelium
that is independent of its antiplatelet activity. Evaluation of this phenomenon showed that
parmodulins blocked proinflammatory responses and co-opted an APC-like cytoprotective pathway
downstream from PAR1. Thus, parmodulins stimulate cytoprotective signaling through PAR1 even as
they block PAR1-mediated proinflammatory signaling. These compounds provide proof-of-principle for
the strategy of targeting the cytoplasmic face of GPCRs to achieve pathway selective signaling.

Results
Parmodulins Stimulate Antithrombotic Signaling Through Endothelial PAR1.
Prior work identifying PAR1 modulators led to the identification of parmodulins, which block platelet
activation through PAR1, but not activation mediated through PAR4 or several other platelet GPCRs
(27⇓–29). Experiments using mutant and chimeric PARs as well as radiolabeled PAR1 ligands
demonstrated that these compounds act at the cytosolic face of PAR1 (27, 29). In functional studies,
parmodulins demonstrated biased activity with regard to G-protein coupling, inhibiting PAR1-mediated
signaling through Gαq, but not Gα12/13, in platelets and endothelium (Fig. S1) (28, 29). While we have
previously shown that parmodulins inhibit PAR1-mediated prothrombotic responses in platelets
(28, 29), their effect on endothelial-cell prothrombotic responses was unknown. We therefore tested
whether parmodulins could block thrombin generation induced by LPS or tumor necrosis factor-α (TNFα), two inflammatory mediators known to induce thrombotic responses in endothelium (30⇓–32).
Incubation of human umbilical vein endothelial cells (HUVECs) with parmodulin 2 (2-Bromo-N-[3-[(1oxobutyl)amino]phenyl] benzamide; ML161) (28) for 4 h inhibited LPS-induced thrombin generation by
70 ± 15% and TNF-α–induced thrombin generation by 53 ± 9.9% (Fig. 1A and Fig. S2A). Consistent with
its known anticoagulant activity, APC also inhibited LPS-induced thrombin generation (Fig. S2B). APC
interferes with thrombin generation by cleaving factors V and VIII (25, 26). To determine whether the
antithrombotic effect of parmodulin 2 was secondary to inhibition of coagulation proteins via an offtarget activity, we tested whether parmodulin 2 prolonged the activated partial thromboplastin time
(aPTT), a plasma-based coagulation assay. However, unlike APC, which is an anticoagulant and prolongs
the aPTT (Fig. 1B), parmodulin 2 had no effect on the aPTT (Fig. 1C). Neither parmodulin 2 nor APC had
any effect on prothrombin time (PT) (Fig. S2 C and D).

Fig. 1. A biased PAR1 agonist is thromboprotective at the level of endothelium. (A) Effect of PM2 on LPS- and TNF-α–
induced thrombin generation. HUVECs were preincubated with vehicle (NA) or PM2 (3 µM) for 4 h. Samples were either left
untreated (control) or then exposed to TNF-α (10 ng/mL) or LPS (100 ng/mL) for an additional 4 and 3 h, respectively.

Thrombin generation was monitored using a fluorogenic thrombin substrate. Values are normalized to controls and
depicted as mean ± SEM (n ≥ 6). One-way ANOVA with Bonferroni posttests was used to compare groups. *P < 0.05; ***P <
0.001. (B and C) Comparison of the dose dependency of (B) APC and (C) PM2 in an aPTT assay. Clotting times are
represented as the ratio of samples containing APC or PM2 versus control samples. Data represent mean ± SEM of seven
samples normalized to control samples. A matched one-way ANOVA with Bonferroni posttests was used to compare PM2and APC-treated groups to control. *P < 0.05; **P < 0.01, ***P < 0.001. (D) Effect of PM2 and APC on FVa generation.
HUVECs were incubated with PM2 (10 µM) for 4 h and APC (10 nM) for 15 min. FVa generation was measured using a
chromogenic substrate and depicted as a function of time. Representative experiment of three independent experiments.
(E) HUVECs were preincubated with vehicle (NA), PM2 (3 µM), or APC (10 nM) for 4 h. Samples were either left untreated
(control) or then exposed to TNF-α (10 ng/mL) or LPS (100 ng/mL) for an additional 4 and 3 h, respectively. Factor Xa
generation was monitored using a chromogenic FXa substrate. Values are normalized to controls and depicted as mean ±
SEM (n ≥ 6). One-way ANOVA with Bonferroni posttests was used to compare groups. *P < 0.05. (F and G) Bioengineered
microvessels were perfused with either vehicle [No addition (NA), TNF-α] or parmodulin 2 (PM2; PM2, TNF-α) for 4 h.
Samples were subsequently washed and perfused with whole blood containing either buffer alone (NA, PM2) or TNF-α
(TNF-α; PM2, TNF-α). Platelet accumulation on endothelial monolayers was detected using an anti-CD41-PE antibody and
visualized by videomicroscopy. (Scale bar: 100 μm.) (F) A composite image made from separate micrographs of an
endothelial cell surface is shown. Separate fields have been spliced together to create the image. (G) Quantification of TNFα–induced platelet accumulation on endothelium. Data represent mean ± SEM (n = 3–5). The t-tests were used for
statistical analysis to compare TNF-α and PM2, TNF-α groups. *P < 0.05. ns, nonsignificant.

To further distinguish the antithrombotic activity of APC from that of parmodulin 2 at the level of the
endothelium, we compared their effects in factor V and factor X activation assays. In the factor V assay,
incubation with APC resulted in significant inhibition, whereas incubation with parmodulin 2 had no
significant effect (Fig. 1D). In a plasma-free factor X activation assay, both LPS and TNF-α induce tissue
factor expression in endothelium, thereby enhancing the generation of factor Xa (Fig. 1E and Fig. S2E)
(33⇓–35). Incubation with parmodulin 2 for 4 h before LPS or TNF-α exposure inhibited factor Xa
generation by 45 ± 10% and 52 ± 6%, respectively (Fig. 1E and Fig. S2E). In contrast, incubation with
APC alone had little effect on either LPS or TNF-α–induced factor Xa generation on endothelium (Fig.
1E and Fig. S2F), possibly owing to the ability of APC to cleave tissue factor pathway inhibitor (24),
thereby preventing inhibition of tissue factor. We have previously shown that incubation of
endothelium with parmodulin 2 for 30 min is sufficient to inhibit Gαq signaling in endothelium (29).
This relatively short exposure, however, did not inhibit LPS-induced factor Xa generation (Fig.
S2 G and H). This result suggested that parmodulin 2-mediated inhibition of endothelial PAR1 was not
responsible for blocking thrombin generation on endothelium. Of note, the ability of APC to elicit
cytoprotective signaling in endothelial cells requires transcriptional activation and therefore
necessitates prolonged exposures (>3 h) (14, 36). These observations raised the possibility that
parmodulin 2 elicited cytoprotective signaling in endothelium.
If parmodulin 2 mediates its antithrombotic effect via stimulation of a cytoprotective pathway, then
we would expect parmodulin-exposed endothelium to demonstrate antithrombotic properties beyond
inhibition of thrombin generation. Exposure of endothelium to inflammatory mediators can stimulate
recruitment of platelets from flowing blood (37). To determine whether parmodulin 2 affected platelet
recruitment in a flow model under physiological shear rates, we evaluated the effect of parmodulin 2
in bioengineered microvessels. These vessels are constructed by collagen-coating 2-cm-long channels
(400 μm width × 100 μm height) within a polydimethylsiloxane microfluidic chip and subsequently
seeding the four walls of the chamber with endothelial cells (38, 39). Once the endothelium is grown to
confluence, whole blood is perfused through the channels at 750 s−1. Under the untreated conditions,

platelets did not adhere to the endothelial surface (Fig. 1 F and G). If endothelial cells were first
exposed to TNF-α before exposure to whole blood, however, then platelets accumulated on the
endothelium (38). Exposure of endothelium to parmodulin 2 alone for 4 h had no effect on platelet
accumulation on the endothelium (Fig. 1 F and G). In contrast, if the endothelium was first exposed to
parmodulin 2, washed, and subsequently incubated with TNF-α, TNF-α–induced platelet accumulation
was inhibited (Fig. 1 F and G and Movies S1–S4). Collectively, these data indicate that parmodulin
exposure impairs the thrombotic response of endothelium to inflammatory stimuli without affecting
blood coagulation. Given the ability of parmodulin 2 to inhibit both thrombin generation and platelet
recruitment, the requirement for prolonged parmodulin 2 exposure to achieve antithrombotic activity,
and the lack of anticoagulant activity, we evaluated the possibility that parmodulins stimulate
cytoprotective signaling in endothelium.
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Movie S1. Bioengineered microvessels exposed to vehicle alone (corresponding to Fig. 1F, vehicle). A
composite video made from separate videos of an endothelial cell surface is shown. Separate fields
have been spliced together to create the video.
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Movie S2. Bioengineered microvessels exposed to TNF (corresponding to Fig. 1F, TNF-α). A composite
video made from separate videos of an endothelial cell surface is shown. Separate fields have been
spliced together to create the video.
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Movie S3. Bioengineered microvessels exposed to PM2 alone (corresponding to Fig. 1F, PM2). A
composite video made from separate videos of an endothelial cell surface is shown. Separate fields
have been spliced together to create the video.
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Movie S4. Bioengineered microvessels exposed to PM2, TNF (corresponding to Fig. 1F, PM2, TNF-α). A
composite video made from separate videos of an endothelial cell surface is shown. Separate fields
have been spliced together to create the video.

Parmodulins Are Cytoprotective in Endothelial Cells.
To determine whether parmodulins stimulated cytoprotective signaling in endothelium, we tested
their effect on endothelial apoptosis. We also evaluated parmodulin 1 (9-methylene-4-alkyl-2,3,4,9tetrahydro-1H-cyclopenta(b)quinolone; JF081204) (27) to determine whether cytoprotection was a
class effect of parmodulins. Parmodulins inhibited apoptosis induced not only by thrombin but also by

other agonists that act independently of PAR1, including TNF-α and staurosporine (Fig. 2 A and B).
Incubation of HUVECs with parmodulin 1 or parmodulin 2 provided protection from apoptosis induced
by exposure to TNF-α, thrombin, or staurosporine to an extent similar to that provided by APC (Fig.
2B). The ability of parmodulins to block TNF-α–induced apoptosis was also tested in a caspase-based
assay of apoptosis, which confirmed the observation that parmodulins are cytoprotective (Fig. 2C).

Fig. 2. A biased PAR1 agonist is cytoprotective in endothelial cells. (A and B) HUVECs were exposed to vehicle, PM1 (10 µM),
PM2 (3 µM), or APC (10 µg/mL) for 4 h before exposure to buffer alone (NA), TNF-α (10 ng/mL), thrombin (1 U/mL), or
staurosporine (10 µM) for an additional 4 h. Samples were evaluated for apoptosis by YO-PRO-1 staining (green) using
fluorescence microscopy. (A) Representative images of YO-PRO-1 staining. (Scale bar: 25 μm.) (B) Quantification of the
percentage of apoptotic cells. Data represent mean ± SEM (n = 4–5). Two-way ANOVA with Bonferroni’s multiple
comparison tests was used to compare groups. ***P < 0.001. (C) HUVECs were exposed to vehicle, PM1 (10 µM), PM2 (10
µM), or APC (5 µg/mL) for 4 h before exposure to buffer alone (NA) or TNF-α (50 ng/mL). Samples were evaluated for
apoptosis using an antibody that detects cleaved caspase-3 as described in Materials and Methods. Fold change in
relative fluorescence unit is depicted versus control-treated cells. Data represent the mean ± SEM (n = 6). Two-way ANOVA
with Bonferroni posttests was used to compare groups. ***P < 0.001. (D) HUVECs were transfected with F2R-targeted
siRNA (black, blue) or mock-transfected (white, red). Following confirmation of knockdown, samples were exposed to
vehicle (NA), PM1 (10 µM), PM2 (3 µM), or APC (10 µg/mL) for 4 h before exposure to buffer or TNF-α (10 ng/mL) for an
additional 4 h. Percentage of apoptotic cells was determined by fluorescence microscopy. Data represent the mean ± SEM
(n = 4–5). Two-way ANOVA with Bonferroni posttests was used to compare groups. ***P < 0.001. (E) Time course of
parmodulin-2–mediated protection from staurosporine-induced apoptosis. HUVECs were preincubated with PM2 (3 µM) for
various times followed by exposure to staurosporine (10 µM) for an additional 4 h. The percentage of apoptotic cells was
determined by fluorescence microscopy. Data represent the mean ± SEM (n = 6–7).

The ability of parmodulins to inhibit apoptosis induced by TNF-α or staurosporine as well as by
thrombin could result from off-target effects of the compounds. Alternatively, this cytoprotective
effect could result from an APC-like activity at PAR1. To distinguish between these two possibilities, we
inhibited PAR1 expression using siRNA directed at F2R. Knockdown of F2R (qRT-PCR: 99.35 ± 0.12%, n =
3; immunoblot analysis, Fig. S3) abrogated the ability of parmodulin 1, parmodulin 2, and APC to
protect endothelial cells from TNF-α–induced apoptosis (Fig. 2D), confirming that parmodulin 1 and
parmodulin 2 acted through PAR1 to prevent apoptosis in response to proinflammatory stimuli. The
time course of parmodulin-mediated cytoprotection was also consistent with an APC-like effect, with
protection of HUVECs from apoptosis requiring preincubation with parmodulins for >2 h (Fig. 2E).

Cytoprotective Signaling Elicited by Parmodulins.
Previous studies have shown that PAR1 activation by APC involves its binding to the endothelial protein
C receptor (EPCR) and changes in lipid rafts (40⇓–42). Thus, it was unexpected that a small molecule
could elicit cytoprotective signaling through PAR1 in endothelium. To determine how parmodulin 2
activated endothelial-cell cytoprotective responses, we evaluated proximal signal transduction induced
by parmodulin 2. Cleavage of PAR1 by APC stimulates Akt phosphorylation at serine 473 in endothelial
cells (18). Exposure of endothelium to parmodulin 2 resulted in Akt-S473 phosphorylation without

significantly affecting total Akt levels (Fig. 3 A and B and Fig. S4 A and B). Evaluation of the subcellular
localization of phospho-Akt in endothelial cells exposed to parmodulin 2 showed that, while Akt in
untreated cells was distributed in the nucleus and throughout the cytoplasm, phospho-Akt observed
following parmodulin 2 exposure localized to perinuclear and plasma membranes (Fig. 3A). There was
a distinct absence of phospho-Akt from the nucleus of endothelial cells exposed to parmodulin 2.
Induction of Akt phosphorylation was relatively rapid, occurring within 30 min of exposure (Fig. S4C).
Since Akt is phosphorylated downstream of PI3K, we determined whether the PI3K inhibitors
wortmannin and LY294002 blocked parmodulin-2–induced Akt phosphorylation. Both antagonists
potently inhibited Akt phosphorylation following parmodulin 2 exposure (Fig. 3B and Fig. S5). PI3K
phosphorylation stimulated by parmodulin 2 was visualized using an antiphospho-PI3K antibody that
detects phosphorylation at residue Y607 on the p85 subunit of PI3K (43), confirming that parmodulin 2
signals through PI3K (Fig. 3C). The demonstration that parmodulins stimulate cytoprotective signaling
via a PI3K/Akt-mediated pathway raises the question of whether this pathway also accounts for the
antithrombotic activity of parmodulin 2 on endothelial cells. To evaluate this possibility, we incubated
endothelial cells with parmodulin 2 in the presence of wortmannin. Wortmannin did not interfere with
the factor Xa assay. However, it did inhibit the protective effect of parmodulin 2, reversing the ability
of parmodulin 2 to block TNF-α–induced factor Xa activation (Fig. S7).

Fig. 3. Parmodulins stimulate an APC-like signaling pathway. (A) HUVECs were exposed to either vehicle or 3 μM PM2 and
stained using an anti-Akt antibody (green), a phospho-Akt antibody (red), and DRAQ5 (blue) to visualize nuclei. Samples
were then evaluated using three-color confocal immunofluorescence microscopy. (Scale bar: 25 μm.) (B) HUVECs were
incubated with vehicle (NA), 0.1 μM wortmannin (Wort), or 50 μM LY294002 (LY) and subsequently exposed to either
vehicle or PM2 as indicated. Samples were analyzed for phospho-Akt using confocal immunofluorescence microscopy, and
staining intensity was quantified using Image J. Data represent mean ± SEM (n = 5). One-way ANOVA with Bonferroni
posttest was used to compare groups. ***P < 0.001. (C–E) HUVECs were incubated in the presence or absence of gallein for
30 min. Samples were subsequently exposed to control, PM2, or APC for 4 h. (C) Cells were stained using a phospho-PI3K
antibody and evaluated using confocal immunofluorescence microscopy. (Scale bar: 50 μm.) (D) Quantification of the
inhibition by gallein of Akt phosphorylation induced using either PM2 (blue) or APC (red) compared with control (black).
Data represent mean fluorescent intensities ± SEM (n = 3). One-way ANOVA with Bonferroni posttests was used to compare

PM2- and APC-treated groups to control. **P < 0.01; ***P < 0.001. (E) Immunoblot analysis demonstrating the inhibition of
PM2- and APC-induced PI3K phosphorylation by gallein (60 µM). Data represent mean ± SEM (n = 4). One-way ANOVA with
Bonferroni posttests was used to compare groups to NA: *P < 0.05. (F) Model illustrating the proposed role of Gβγ in PM2
signaling. PM2 associates with the cytoplasmic face of PAR1 displacing Gβγ and enabling it to activate PI3K. PI3K then
phosphorylates Akt that is localized to perinuclear and plasma membranes.

Parmodulins act at the cytoplasmic face of PAR1. Their biased antagonist activity relies on their ability
to affect some downstream G-protein–coupled signaling pathways (e.g., Gαq), but not others (e.g.,
Gα13) (29). The effect of either APC or parmodulin 2 exposure on Gβγ-mediated signaling has not
previously been evaluated. However, Gβγ can stimulate PI3K (44⇓–46) and parmodulin-2–activated Akt
phosphorylation is mediated by PI3K (Fig. 3B). We therefore evaluated the possibility that parmodulin
2 stimulates PI3K via Gβγ. Gallein (M119) was used in these assays to inhibit Gβγ (47). Exposure to
gallein blocked Akt phosphorylation stimulated by either parmodulin 2 or APC in endothelial cells (Fig.
3D). Incubation with gallein also inhibited parmodulin-2–mediated activation of PI3K (Fig.
3 C and E and Fig. S6A). In contrast, gallein failed to block angiopoietin-1–induced activation of PI3K,
demonstrating that gallein was not directly inhibiting PI3K activation (Fig. S6 B and C). Involvement of
Gβγ was not specific to parmodulin 2, as APC showed similar sensitivity to gallein (Fig. 3 C–E). Taken
together, these studies indicate that binding of parmodulins to the cytosolic surface of PAR1 elicits
dissociation or modulation of the Gβγ subunit of PAR1, which stimulates PI3K activation with
phosphorylation of Akt in perinuclear and plasma membranes (Fig. 3F).

Effects of Parmodulins on Gene Transcription.
Although signaling induced by parmodulins occurs within minutes following exposure, endothelial-cell
cytoprotection is not achieved until hours after exposure to either parmodulins (Figs. 1 D and Eand 2D)
or APC (20, 36). One of the seminal observations supporting the premise that the protective effect of
APC is mediated through its role in endothelial function was that APC modifies endothelial-cell gene
transcription (14, 20). APC induces the up-regulation of cytoprotective genes and blocks the upregulation of genes induced by inflammatory cytokines such as TNF-α (20, 36). To evaluate the effect of
parmodulins on endothelial gene expression, transcript profiling of >30,000 genes was performed in
HUVECs exposed to vehicle alone, parmodulin 2, TNF-α, or parmodulin 2 followed by TNF-α. TNF-α
elicited the up-regulation of 748 genes. Parmodulin 2 inhibited up-regulation of 107 of these genes by
≥1.5-fold (Fig. 4A). qRT-PCR confirmed that parmodulin 2 inhibited toll-like receptor 2 (TLR2; Fig. 4B)
and matrix metalloproteinase 10 (MMP10; Fig. 4C) expression.

Fig. 4. Gene expression profiling of endothelial cells following exposure to parmodulin 2. (A) Transcript profiling of HUVECs
was performed using GeneChip Human Gene 1.0 ST Affymetrix chip following incubation of endothelium with vehicle alone
(NA), 10 ng/mL TNF-α (TNF), 3 μM PM2 (PM2), or PM2 followed by TNF-α (PM2, TNF). (B and C) HUVECs were exposed to
vehicle (red) or PM2 (white, gray) for 4 h before exposure to buffer (white) or TNF-α (red, gray) for an additional 4 h.
Samples were subsequently evaluated for either (B) TLR2 mRNA or (C) MMP10 mRNA using qRT-PCR. Dashed line
represents the value of samples exposed to vehicle alone. Data represent fold difference of triplicate samples (mean ± SEM)
compared with the control (NA) at 4 h. (D) Transcriptional activation downstream from NF-κB was detected using a GFPbased reporter system. HUVECs were exposed to vehicle (NA), 10 µM PM1, 3 μM PM2, or 5 µg/mL APC for 4 h before
exposure to TNF-α for an additional 4 h. NF-κB expression was analyzed using immunofluorescence microscopy. Data
represent mean ± SEM (n = 4–5). (B–D) Two-way ANOVA with Bonferroni’s multiple comparison tests was used. **P < 0.01;
***P < 0.001.

Since TNF-α mediates inflammatory signaling through activation of NF-κB, we determined the effect of
parmodulin 2 on TNF-α–induced NF-κB transcription activation. Parmodulin 2 blocked TNF-α−induced
expression of a GFP reporter construct under the control of a NF-κB–sensitive promoter, indicating that
it acts in part by inhibiting signaling to NF-κB (Fig. 4D). Parmodulin 1, parmodulin 2, and APC showed
similar inhibition of TNF-α–induced NF-κB transcription activation (Fig. 4D).

Parmodulin 2 Stimulates Up-Regulation of Stanniocalcin-1.
Transcript profiling also identified a smaller subset of transcripts that were up-regulated upon
exposure to parmodulin 2 alone (Fig. 4A). Among this subset, STC1, which encodes for stanniocalcin-1,
was of special interest since it had previously been shown to mediate cytoprotection in endothelial
cells (48, 49). Real-time PCR confirmed that parmodulin 2 induced up-regulation of STC1 at 4 h (Fig.
5A). Evaluation of protein expression demonstrated increased synthesis of stanniocalcin-1 by both
immunoblot analysis (Fig. 5B) and immunofluorescence (Fig. 5C and Fig. S8 A and B). To test the
premise that parmodulin 2 stimulated stanniocalcin-1 expression downstream of the Gβγ/PI3K/Akt

pathway, we evaluated the effect of inhibitors of this pathway on parmodulin-2–induced expression of
stanniocalcin-1. Preincubation of endothelial cells with gallein to block Gβγ, wortmannin to inhibit
PI3K, or GSK69063 to block Akt interfered with parmodulin-2–mediated up-regulation of stanniocalcin1 (Fig. 5 C and D). These data indicate that parmodulin 2 up-regulation of stanniocalcin-1 is
downstream of the PI3K/Akt pathway.

Fig. 5. Stanniocalcin-1 is up-regulated by parmodulin exposure and is essential for cytoprotection. (A) HUVECs were
exposed to vehicle or 3 μM PM2 for 4 h before exposure to buffer or 10 ng/mL TNF-α. Subsequently, samples were
evaluated for STC1 mRNA expression using qRT-PCR. Dashed line represents value of samples exposed to vehicle alone.
Data represent fold difference of triplicate samples (mean ± SEM) compared with the no addition control. Two-way ANOVA
with Bonferroni’s multiple comparison tests was used. ***P < 0.001. (B) Quantification of immunoblot analysis for
stanniocalcin-1 (STC1) protein. Data represent fold difference (mean ± SEM) compared with no addition (NA) control at 4 h
(n = 4). Inset shows a representative immunoblot of HUVEC lysates following exposure to vehicle, PM1, PM2, or APC.
(C and D) HUVECs were preincubated with wortmannin (Wortm.; 0.1 µM), Akt inhibitor GSK69063 (0.2 µM), or gallein (60
µM) for 30 min before incubation with vehicle or PM2 (10 µM) in the absence or presence of inhibitors for an additional 4
h. Following incubation, HUVECs were stained with anti-STC1 antibody (green) and DAPI (blue) and evaluated by
immunofluorescence microscopy. (C) Representative images. (Magnification: 60×.) (D) Quantification of STC1 expression as
calculated by the ratio of relative fluorescence units (RFUs) versus number of cells. Data represent mean ± SEM (n = 6).
Two-way ANOVA with Bonferroni’s multiple comparison tests was used. ***P < 0.001. (E) HUVECs were transfected with
siRNA targeted at STC1 (black, blue) or mock-transfected (white, red). Following knockdown, samples were exposed to
vehicle, PM1, PM2, or APC for 4 h before exposure to buffer (white, black) or 10 ng/mL TNF-α (red, blue) for an additional 4
h. The percentage of apoptotic cells was determined using fluorescence microscopy. Data indicate the mean ± SEM (n = 4–
5). Two-way ANOVA with Bonferroni posttests was used. ***P < 0.001. (F) Representative image of confocal
immunofluorescence microscopy of aorta from mice infused with vehicle (Control, or Ctl) or 10 mg/kg PM2 and stained
using anti-STC1 antibody. (Magnification: 5×.) (G) Immunofluorescence quantitation of STC1 staining in aortas of mice
infused with vehicle (n = 181 fields) or 10 mg/kg parmodulin 2 (n = 222 fields). Unpaired t test was used to compare PM2 to
control (Ctl). ***P < 0.001.

The induction of stanniocalcin-1 expression by parmodulin 2 raised the question of whether
stanniocalcin-1 functions in parmodulin-2–mediated cytoprotection. To evaluate this question,
stanniocalcin-1 expression was reduced using siRNA directed at STC1. Knockdown of STC1 (qRT-PCR:
79.47 ± 4.30%, n = 3; and immunoblot analysis, Fig. S8C) blocked the protective effect of parmodulin 1,
parmodulin 2, and APC on TNF-α–induced apoptosis (Fig. 5E). These studies indicate that both
parmodulins and APC achieve cytoprotection, at least in part, through the activity of stanniocalcin-1.
To determine whether parmodulin 2 causes up-regulation of stanniocalcin-1 in vivo, we analyzed the
effect of parmodulin 2 infusion into mice on endothelial stanniocalcin-1. Analysis of stanniocalcin-1
staining of aortic slices confirmed that parmodulin 2 infusion results in up-regulation of endothelial
stanniocalcin-1 in mice (Fig. 5 F and G). These results confirm that parmodulin 2 reaches its cellular

target (i.e., endothelial PAR1) when infused into mice and that parmodulin 2 causes up-regulation of
stanniocalcin-1 in vivo.

Parmodulin 2 Protects Against Thromboinflammatory Injury in Vivo.
Thrombosis and inflammation are two closely linked host defense systems that share common cellular
and molecular effectors. PAR1 is an important receptor in the endothelial response to
thromboinflammatory signals. To determine whether cytoprotection by parmodulins is observed in live
animals, we evaluated the effect of parmodulin 2 on endothelial-cell responses to
thromboinflammatory stimuli. Parmodulin 2 was infused into mice before LPS exposure, and soluble Eselectin and von Willebrand factor (VWF) levels were monitored. Quantification of soluble E-selectin
showed that parmodulin 2 protected against LPS-induced E-selectin release from endothelium (Fig.
6A). Pretreatment with parmodulin 2 also blocked LPS-induced increases in VWF release (Fig. 6B).
Infusion of APC has been shown to reduce leukocyte adhesion and rolling in animal models of vascular
inflammation (50, 51). We next evaluated whether parmodulin 2 affected leukocyte rolling in surgeryinflamed cremaster venules. Infusion of 10 mg/kg parmodulin 2 reduced rolling flux on surgeryinflamed venules by 59% compared with infusion of vehicle (Fig. 6C).

Fig. 6. Parmodulins interfere with activation of endothelium in vivo. Mice were infused with either vehicle or PM2 (10
mg/kg) 3 h before LPS exposure and an additional bolus injection of vehicle or PM2 just before saline or 10 mg/kg LPS
injection. After a 3-h incubation period, plasma was obtained from mice and evaluated for either (A) soluble E-selectin (sEselectin) or (B) VWF using ELISA. Data represent mean ± SEM of number of mice treated with vehicle (n = 9), PM2 (n = 9),
LPS (n = 15), and PM2, LPS (n = 16). Statistical significance was determined using a Mann–Whitney test with a Hochberg’s
step-up method. *P < 0.05; **P < 0.01. (C) Mice were infused with either vehicle or 10 mg/kg PM2, and surgery-induced
leukocyte rolling was monitored by intravital microscopy. Rolling flux was calculated as described in Materials and
Methods. Data represent mean ± SEM of 22 (vehicle) and 23 (PM2) measurements. Mann–Whitney test was used to
determine significance. *P < 0.05. ns, nonsignificant.

Thrombotic responses to injury are exaggerated in the setting of inflammation, providing a means to
evaluate the effect of cytoprotective agents on thromboinflammatory response. To test the effect of
parmodulin 2 in ameliorating thromboinflammatory responses, we monitored platelet accumulation
and fibrin formation in response to laser injury in the setting of LPS exposure. Both platelet
accumulation and fibrin formation following laser-induced injury of cremaster arterioles were
substantially enhanced in the setting of LPS exposure compared with vehicle alone (Fig. 7 and Fig.
S9 A and B). Infusion of parmodulin markedly impaired platelet accumulation at sites of vascular injury
and also reduced fibrin formation (Fig. 7 A–C). Furthermore, in the setting of LPS exposure, infusion of
parmodulin 2 reduced platelet accumulation to levels observed in vehicle control (Fig. 7B and Fig. S9A)
and also significantly reduced fibrin formation in this setting (Fig. 7C and Fig. S9B). In contrast,
parmodulin 2 failed to inhibit thrombin-induced aggregation of mouse platelets even at low
concentrations of thrombin (Fig. S9 C–E). These results indicate an antithrombotic effect of parmodulin

2 at the level of the endothelium and are consistent with the studies (Fig. 1) evaluating platelet
accumulation and thrombin generation in vitro.

Fig. 7. Parmodulins are protective in the setting of thromboinflammation. (A) Mice were injected i.v. with vehicle or PM2
(5–10 mg/kg) 2.5 h before 10 mg/kg LPS administration i.p. and with an additional bolus 0.5 h after LPS exposure. Thrombus
formation was induced by endothelial laser injury in cremaster arterioles 1–3 h following LPS injection. Platelet (red) and
fibrin (green) accumulation were monitored for 180 s using Dylight 647-labeled antiplatelet antibody (CD42b) and Dylight
488-labeled antifibrin antibody (59D8). Representative binarized images from a single thrombus are shown for vehicle,
PM2, and LPS and PM2 followed by LPS. (B and C) Median integrated platelet and fibrin fluorescent intensities following
laser injury were calculated for all thrombi in vehicle (n = 37), PM2 (n = 37), LPS (n= 30), and PM2 followed by LPS (n = 38)
experiments. (Magnification: 60×.) (B) Median integrated platelet fluorescent intensities are indicated for vehicle (black),
PM2 (gray), LPS alone (red), PM2 followed by LPS (pink). (C) Median integrated platelet fluorescent intensities are indicated
for vehicle (black), PM2 (gray), LPS alone (dark green), and PM2 followed by LPS (light green). A Kruskal–Wallis test with
multiple comparisons was used. *P < 0.05. **P < 0.01.

Discussion
Parmodulins are a class of small molecules that stimulate PAR1-mediated cytoprotection and represent
a fundamentally different approach to pharmacological modulation of PAR1. By acting at the cytosolic
face of PAR1, these compounds have antagonist properties achieving relatively rapid (<30 m) inhibition
of signaling mediated through Gαq, but not Gα13, and agonist properties stimulating Gβγ to elicit
cytoprotective signaling. This mechanism differs from that of orthosteric antagonists, such as
vorapaxar, which associate tightly with the substrate binding site and block all downstream signaling
including cytoprotective signaling (7, 52). Although parmodulins stimulate cytoprotective signaling,
they are also unlike APC, since they have no anticoagulant effect on factor V or VIII. In this regard, they
are more similar to APCs engineered with mutations that impair cleavage of factor V or VIII (23, 53⇓⇓–
56). The most clinically advanced of these is 3K3A-APC, which has little anticoagulant activity and
enhanced cytoprotective activity (57, 58). It has proved to be very effective in several animal models
and is currently in human trials for treatment of stroke (59). Parmodulins differ from APC and its
anticoagulant-deficient mutants, however, in that they do not interact with other APC-binding partners
such as EPCR (14), ApoER2 (60), or PAR3 (61). Parmodulins also differ in that they do not pose even a
theoretical risk of antibody formation to endogenous APC. The ability of parmodulins to block Gαqmediated signaling in platelets and endothelium further distinguishes these compounds from APC and

its anticoagulant-deficient mutants. Thus, parmodulins are unique as molecular probes to interrogate
PAR1-mediated cytoprotective signaling and as leads for therapeutics targeting the PAR1
cytoprotective pathway.
While proximal activation mechanisms of APC and parmodulins differ significantly, parmodulins appear
to have co-opted downstream signal transduction mechanisms similar to those used in the PAR1dependent cytoprotective pathway activated by APC. Binding of APC to EPCR (14) orients APC on the
endothelial surface (40, 41, 62) such that APC can cleave the PAR1 N terminus primarily at the
nonconical Arg-46 site (18). Binding of APC to EPCR also promotes recruitment of G-protein–coupled
receptor kinase 5, which phosphorylates the cytoplasmic tail of PAR1 following APC-mediated cleavage
(40, 41, 62, 63). Parmodulins bypass the requirements for EPCR association and cleavage of the PAR1
extracellular domain by associating directly with the cytoplasmic face of PAR1 (29). We show that
inhibition of Gβγ function by gallein (47) blocks parmodulin-mediated phosphorylation of Akt and PI3K
(Fig. 3 C–E). The fact that gallein inhibits PI3K phosphorylation induced by parmodulin, but not that
induced by angiopoietin-1, indicates that it is acting at Gβγ and not nonspecifically or at PI3K (Fig.
S6 B and C). A potential mechanism for parmodulin activation of cytoprotective signaling is that
association of parmodulin with the cytoplasmic face of PAR1 either displaces or modifies G-protein
association in a manner that activates Gβγ function (Fig. 3F). Activation of Gβγ is known to stimulate
PI3K signaling (44⇓–46). We also show that APC requires activation of Gβγ (Fig. 3). The consequences
of these activities in endothelium are stimulation of PI3K/Akt-mediated cytoprotective signaling.
Previous studies have demonstrated a role for β-arrestin in APC-mediated cytoprotective signaling
(10, 62). Future studies will evaluate the relative roles of β-arrestin and Gβγ in proximal signaling
mechanisms elicited by APC and parmodulins.
Although APC and parmodulins interact with PAR1 via entirely distinct mechanisms, the cytoprotective
program induced by parmodulins and APC has important similarities. Both APC and parmodulins elicit
cytoprotection through changes in gene expression. These changes include inhibition of NF-κB–
mediated transcriptional activation (Fig. 4), as has been observed for APC (14, 20). In addition,
parmodulin-mediated up-regulation of specific genes was also observed. Among these genes was STC1.
Previous transcriptional profile studies suggested that STC1 is up-regulated following exposure of
endothelium to APC (36). We show that stanniocalcin-1 protein is up-regulated in endothelium
following exposure to either APC or parmodulins and that up-regulation of stanniocalin-1 is dependent
on PI3K/Akt signaling (Fig. 5), as has been shown in mesenchymal stem cells and breast cancer cells
(64, 65). Moreover, the protective effect of APC and parmodulins is dependent on stanniocalcin-1.
Stanniocalcin-1 is known to be antiinflammatory in several cell types including endothelial cells
(48, 49). Our studies demonstrate its importance in PAR1-mediated cytoprotection.
Beyond uncovering previously unrecognized aspects of PAR1 protective signaling, studies using
parmodulins show that PAR1-mediated cytoprotection is antithrombotic at the level of endothelium, in
addition to being antiapoptotic, barrier protective, and antiinflammatory. Parmodulins inhibit factor Xa
and thrombin generation resulting from activation of endothelium by LPS or TNF-α (Fig. 1 A and E),
presumably by interfering with up-regulation of tissue factor (33, 34). The inhibitory activity of
parmodulins was not mediated by inhibition of Gαq, which is rapid, but rather by the stimulation of
cytoprotection, which depends on transcriptional regulation and requires prolonged incubation with

parmodulins to achieve inhibition (Fig. S2 G and H). Endothelium incubated with parmodulins before
exposure to TNF-α also shows substantially less recruitment of platelets from flowing blood (Fig.
1 F and G). In the latter studies, parmodulins were washed away before exposure of endothelium to
whole blood, mitigating any direct effects of parmodulins on platelets. These results prove that
isolated stimulation of cytoprotective signaling through PAR1 is able to mediate thromboprotection in
endothelium, independent of direct anticoagulant or antiplatelet effects.
Evaluation of parmodulin effects on thrombus formation in vivo also demonstrates significant
antithrombotic activity at the level of the endothelium. Parmodulin 2 does not block thrombin-induced
activation of mouse platelets (Fig. S9), which relies on PAR4 stimulation. In contrast, parmodulins
demonstrate protective effects on endothelium in vitro and inhibit inflammation-induced release of
von Willebrand factor and E-selectin in vivo, confirming that parmodulins engage endothelial PAR1 in
mice. In the setting of laser injury, parmodulins inhibit fibrin generation as well as platelet
accumulation in the presence or absence of LPS exposure (Fig. 7). In contrast, platelet inhibitors such
as eptifibatide inhibit platelet accumulation with relatively little effect on fibrin generation in our laserinduced thrombus formation model (66, 67). This observation indicates an antithrombotic effect of
parmodulins at the level of the endothelium. Our results underscore the potential of targeting the
PAR1 cytoprotective pathway in thromboinflammatory disorders.
A limitation of our in vivo studies is that we cannot assess the bleeding risk of parmodulins in humans.
Parmodulin 2 did not prolong bleeding following tail snip in mice (29). However, the human and
murine PAR systems differ in platelets: mice have a PAR4 dominant system (with PAR3 acting as a
coreceptor), while PAR signaling in human platelets depends on PAR1 and PAR4. Thus, we cannot
extrapolate from murine studies and cannot assess the bleeding risk that parmodulins pose in humans.
PAR1 inhibition by orthosteric inhibitors such as vorapaxar is associated with bleeding (68⇓–70).
However, while vorapaxar is a much more potent antagonist that shows essentially irreversible
inhibition, parmodulin-mediated inhibition of platelet function is readily reversible (29). Clinical trials
using parmodulins will be required to evaluate their potential bleeding risk. A second limitation of
these studies is that, while they provide for proof-of-concept for the use of parmodulins in
thromboinflammatory disease, they do not provide guidance with regard to specific indications or the
timing of parmodulin use. Parmodulins have a slow onset of action and may be better suited for
primary or secondary prevention than for acute treatment of thromboinflammatory disorders.
These studies provide proof-of-principle for targeting the cytoplasmic domains of a GPCR to selectively
stimulate downstream signaling. GPCRs remain the most commonly targeted receptor class for
marketed therapeutics. Nearly all GPCR-targeted pharmaceuticals act at the extracellular face of the
receptor. Parmodulins achieve selective modulation of G-protein signaling by targeting the cytosolic
face of PAR1. Endothelial PAR1 is a particularly good target for such a strategy because of the wide
range of its signaling repertoire; it couples to several downstream G proteins and can stimulate either
inflammatory or antiinflammatory signaling. However, many GPCRs stimulate both beneficial and
deleterious signaling, depending on the ligand and context of stimulation. The ability to selectively
control signaling pathways at the level of G-protein–coupled signaling could represent a significant
advance in controlling these highly abundant and frequently targeted receptors.

Materials and Methods
Thrombin and FXa Generation Assays.
HUVECs were grown in Corning CellBIND 96-well plates (VWR) until confluent. Cells were treated for 3
h with a mixture containing LPS (100 ng/mL), LPS-binding protein (LBP) (10 ng/mL), and sCD14 (100
ng/mL) or 4 h with TNF (10 ng/mL). In indicated experiments, cells were pretreated with vehicle or
parmodulin 2 (3 µM) for 4 h before exposure to LPS or TNF in the absence or presence of wortmannin
(100 nM). For experiments with APC, cells were preincubated with APC (10 nM) for 4 h before LPS or
TNF stimulation (factor Xa) or incubated with LPS or TNF in the absence or presence of APC (thrombin).
For thrombin generation, medium was removed, and 80 µL of plasma with 5 mM glycine–proline–
arginine–proline peptide (ThermoFisher Scientific) and 20 µL of Hepes-buffered saline was added.
Calcium (3 mM) was added to initiate thrombin generation. Following a 20-min incubation period,
thrombin generation was measured in plasma using a fluorogenic thrombin substrate (SN-20,
Haematologic Technologies) diluted in PBS with 5 mM EDTA. Fluorescence was measured every minute
for a total of 20 min. For factor Xa assays, HUVECs were washed three times with prewarmed (37 °C)
Hepes buffered saline (HBS) containing 1% BSA and 5 mM calcium (HBS-BSA). Factor Xa generation was
measured by adding purified factor X (100 nM) and factor VIIa (0.67 nM) to the cells in HBS-BSA buffer
in the presence of a chromogenic factor Xa substrate [200 µM; CS-11(22); Biophen]. Absorbance at 405
nm was measured every minute for 2 h using the SPECTRAmax 340 PC plate reader (Molecular
Devices). The rate of thrombin substrate and factor Xa substrate cleavage was converted to units/mL.

Bioengineered Microvessel Thrombosis Assay.
A customized microfluidic device was made using photolithography with polydimethylsiloxane (PDMS)
molding and used as described (38, 39). Briefly, each PDMS microfluidic chip consisting of six
microvessels was pretreated with 100 µg/mL rat-tail collagen type I (Corning) diluted in PBS. After
overnight incubation, channels were washed with medium and HUVECs were seeded (8–10 ×
105 cells/mL). The devices containing the HUVEC suspension were held upside down and incubated for
20 min, and then the device was returned to its original orientation and a new HUVEC suspension was
introduced into the device and incubated for 8 h to obtain a confluent monolayer on all four walls of
the microchannel. HUVECs were treated with parmodulin 2 (30 µM) for 4 h followed by treatment with
TNF-α (recombinant from Escherichia coli, Sigma; 50 ng/mL) for 4 h. Citrated whole blood
supplemented with 100 mM calcium and 75 mM magnesium (1:10 ratio) was perfused through the
engineered microvessels at 750 s−1 using a pump. Platelets were labeled with 10 µg/mL human CD41PE antibody (ThermoFisher Scientific) and visualized using Zeiss Axio Observer (LD Plan Neufluar 10×,
N.A. 0.4 objective) with a Hamamatsu ORCA C11440 CMOS digital camera.

Informed Consent and Institutional Review Board Approval.
Blood drawing and preparation of human platelets was performed according to a protocol approved by
the institutional review board of Beth Israel Deaconess Medical Center. All participants gave written
informed consent. C57BL/6J mice (male; 8–12 wk) were obtained from The Jackson Laboratory. Animal
care and experimental procedures were performed in accordance with and under the approval of the
Beth Israel Deaconess Medical Center Institutional Animal Care and Use Committee.

Statistics.
GraphPad prism 7 was used for statistical data analysis. The following tests were used were applicable:
two-tailed unpaired ttests, one-way and two-way ANOVAs with Bonferroni posttests, and the Kruskal–
Wallis test. A Hochberg step-up method was used for analyzing data of in vivo mouse experiments.
Sample sizes and statistical tests are indicated in the figure legends.
For additional materials and methods, see SI Materials and Methods.
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